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ABSTRACT Recent experiments have investigated the response of smooth muscle cells to transient stretch-compress (SC)
and compress-stretch (CS) maneuvers. The results indicate that the transient SC maneuver causes a sudden fluidization of the
cell while the CS maneuver does not. To understand this asymmetric behavior, we have built a biomechanical model to probe the
response of stress fibers to the two maneuvers. The model couples the cross-bridge cycle of myosin motors with a viscoelastic
Kelvin-Voigt element that represents the stress fiber. Simulation results point to the sensitivity of the myosin detachment rate to
tension as the cause for the asymmetric response of the stress fiber to the CS and SC maneuvers. For the SC maneuver, the
initial stretch increases the tension in the stress fiber and suppresses myosin detachment. The subsequent compression then
causes a large proportion of the myosin population to disengage rapidly from actin filaments. This leads to the disassembly of the
stress fibers and the observed fluidization. In contrast, the CS maneuver only produces a mild loss of myosin motors and no
fluidization.

INTRODUCTION
Conventional wisdom, informed by polymer physics, holds
that stretching causes cells to stiffen. Known as the ‘‘reinforcement effect’’, the stiffening is manifested by increase
of one or more of the following experimentally measured
properties: the elastic modulus of the cytoskeleton (1), cell
stiffness probed by microbead displacement (2), traction
force on deformable substrate (3), and formation of new
focal adhesion sites (4). More recent experiments (5–7),
on the other hand, have demonstrated an apparently opposite
response known as ‘‘fluidization’’, indicated by a drastic
decrease of the elastic modulus and disintegration of the
cytoskeleton of the cells.
To rationalize this apparent contradiction, several
studies have compared different modes of imposing mechanical deformation. In a stretch-hold (SH) maneuver,
the cell is stretched to a prescribed strain and then held
at the deformed state. This mode of deformation engenders
no controversy; all studies reported cell stiffening similar
to a polymer network under external stress (8). In a
stretch-compress (SC) maneuver, the cell is stretched to
a prescribed strain ε0 and then compressed so as to yield
a net strain of zero. After such a maneuver, the cell stiffness is seen to drop by a considerable amount, ~50% for
ε0 ~ 0.1 (5,6). This is fluidization. Afterwards, the cell
gradually recovers its equilibrium stiffness over some
5 min. Gavara et al. (3) and Chen et al. (6) further demonstrated that the fluidization happens during the compression stage of the maneuver; the initial stretch in fact
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increases cell stiffness as in the SH maneuver. Remarkably, a compress-stretch (CS) maneuver, where a cell is
first compressed and then returned to zero strain, does
not elicit fluidization (6).
Taken together, these studies have established a historydependence of the mechanical response of the cell. But
what is its mechanism? Is it purely mechanical, akin to
the thixotropy of complex fluids? Or is it unique to biological cells, arising from biochemical signals that direct structural remodeling? What causes the stark asymmetry
between the CS and SC maneuvers in fluidizing the cell?
One expects the mechanical response, be it stiffening or
fluidization, to be directly related to structural changes in
the cytoskeleton. The most prominent entity in these
adherent cells is the stress fibers, which are bundles of
actin filaments cross-linked by myosin, a-actinin, and
other cross-linkers, frequently emanating from focal adhesions. Earlier experiments (9–11) have shown that
compression of a large enough strain causes stress fibers
to buckle and disintegrate, in accord with the fragility of
actin filaments under compression (12). This suggests
that the disassembly of the stress fibers causes fluidization.
In support of this idea, Chen et al. (6) reported disassembly of the cytoskeleton during the compression phase
of the SC maneuver. Besides, cyclic stretch-unstretch
deformation of cells causes disassembly of stress fibers
oriented along the direction of deformation, and their prevalence in the orthogonal direction (7,13–15). However,
how does this mechanism discriminate between SC and
CS maneuvers? Why is the initial stretch prerequisite to
subsequent disassembly of the stress fibers during
compression?
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To our knowledge, two models have appeared on cell
fluidization, both based on the dynamics of semiflexible
polymer networks:
1. Morozov and Pismen (8,16) showed that mechanical
stretching may cause an anisotropic redistribution of
myosin in the actin network, thereby lowering its modulus
and causing fluidization. However, this argument based on
anisotropic prestress does not distinguish between the SC
and CS maneuvers, and thus does not speak to the dependence of fluidization on deformation history. Besides, the
mechanism of disassembly for actin filaments is rupture
under high tension. This differs from the conventional
view of buckling under compression (6,9,12).
2. Wolff et al. (17) built a wormlike-chain model to explain
the rheology of reconstituted actomyosin networks under
large-strain oscillatory shear. The network is predicted to
stiffen after the first cycle of strain, and then gradually
soften with subsequent cycles due to breaking of transient bonds between polymer chains. This bears some
resemblance to cell fluidization. But the latter happens
after a single SC cycle (6,7). There is also no discussion
of the contrast between SC and CS maneuvers.
Models of cyclic stretching of cells (7,13–15) are also
potentially relevant to cell fluidization. These typically attribute stress fiber disassembly to the detachment of myosin
motors, with a probability based on the sliding velocity of
the motors on the actin cable and the tensile force in it
(14). This predicts disassembly of the stress fibers during
the stretching phase of the cycle, as opposed to the compression phase (3,6). Chen et al. (6) also suggested an analogy between cell fluidization and the behavior of catch
bonds (15,18), whose lifetime increases under stretching.
Although common in focal adhesions, catch bonds have
never been reported in the cytoskeleton (6), and, as of this
writing, its molecular basis is unclear.
The objective of this article is to explain the dependence of
cell fluidization on the stretching protocol, more specifically
the contrast between the SC and CS maneuvers. We couple a
simple mechanical model for the stress fiber with the crossbridge cycle of the myosin motors, and demonstrate that in
the SC maneuver, the initial stretching produces a condition
in which a subsequent compression causes a large fraction of
the myosin to detach from the actin filaments. This is taken as
the precursor to the disassembly of the stress fiber and the
cytoskeleton, i.e., fluidization. The CS maneuver, on the
other hand, does not produce the same condition.
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forces on the substrate, and focal adhesions. Following the
spirit of numerous prior studies (13–15), we will focus on
the dynamics of a single stress fiber (SF). Such a dramatic
simplification, down from the complexities of the actomyosin network or even the whole cell, allows us to capture
the essential features of the fluidization process in a minimalist fashion. Such an SF model should capture three
key effects: 1) the SF is a viscoelastic solid, which sustains
a finite prestress in equilibrium (8,19); 2) the SF has a
myosin contractile element, which imposes the prestress
in equilibrium; and 3) The myosin crossbridge exhibits a
powerstroke, which will be discussed shortly.
During mechanical deformation, the myosin apparatus
should provide a relaxation mechanism that adjusts the unloaded reference length of the stress fiber (19). The first two
considerations have led us to the Kelvin-Voigt-Myosin
(KVM) model depicted in Fig. 1, with the myosin unit in series with the spring-dashpot assembly.
The KVM model is based on previous models for the SF
(15,19–22,) and smooth muscle cells and strips (23,24).
Strictly speaking, it only represents one sarcomeric unit of
the SF. As is usually done (15), we tacitly assume that all
sarcomere units are activated simultaneously. Besser and
Schwarz (20) used a Kelvin-Voigt element in parallel with
a myosin apparatus to study the dynamic coupling between
the stress fiber and the focal adhesion. Laser ablation of
stress fibers, however, argues against a parallel configuration in favor of one with the elastic and myosin elements
in series (21). Later, the series configuration was used to
study the dynamics of SF under cyclic stretch (19,22). To
reflect the viscoelasticity of the SF (25), we have further
added a viscous element to this model to arrive at the
KVM configuration of Fig. 1. A similar model has been
used by Chen et al. (15) to study SF reorientation under cyclic stretch. Thus, the total length of the stress fiber is L ¼
LKV þ Lm, with LKV and Lm being the lengths of the
Kelvin-Voigt element and the myosin element, respectively.
The myosin and Kelvin-Voigt elements share the same tension, which is also the tension of the SF as a whole,
s ¼ GðLKV  L0 Þ þ hL_ KV ;

(1)

where G is the elastic modulus and h is the viscosity of the
Kelvin-Voigt element, and L0 is the resting length of the

Model formulation
Despite the various puzzles mentioned above, one fact
seems well established by experiments: the fluidization corresponds to the disassembly of the cytoskeleton (1,5–7).
This is the physical entity underlying all previously used
measures of fluidization—losses in cell modulus, traction
Biophysical Journal 108(1) 43–52

FIGURE 1 Our model for the stress fiber has a Kelvin-Voigt element connected in series to a myosin apparatus. The two ends of the stress fiber are
attached to the substrate through focal adhesions, which are assumed permanent in our model. To see this figure in color, go online.
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Kelvin-Voigt element; for L, the dot indicates time
derivative.
Myosin plays a key role in our model, partly because its
detachment en masse from the actin filament will be taken
to mark the onset of disassembly of the stress fiber, which
leads to fluidization of the cell. The experimental evidence
for such a criterion for SF disassembly has been reviewed
by Kaunas and Deguchi (13). In particular, Trepat et al.
(1) and Chen et al. (6) have ascribed the disruption of the
cytoskeleton to the breakage of cross-linkers, especially
the detachment of the myosin crossbridge. Gavara et al.
(3) attributed cell fluidization after the SC maneuver to ‘‘a
fall in active contractile tension caused by stretch-induced
actomyosin detachment’’. Matsui et al. (26,27) showed
that high levels of MgATP reduce the number of actomyosin
crossbridges, and promote rapid disassembly of the SF.
Furthermore, there exists a clear connection between the
loss of tension in the SF and its disassembly (28). Compression of SFs reduces the tensile prestress in them, and causes
the SF to disassemble, or if the strain rate is sufficiently
high, to buckle (9–12). These ideas inform the third component of our model, the cycle of the myosin crossbridge. Our
goal is to show that the SC maneuver generates a loss of tension in the KVM model of the stress fiber, such that myosin
motors detach from the actin filaments and cause disassembly of the stress fiber. A CS maneuver, on the other
hand, will not have the same effect.
To capture the kinetics of the myosin motors, we start
from the well-known swinging cross-bridge model
(Fig. 2 a) (29). Initially, myosin carrying an ADP and a
phosphate binds to an actin filament in the configuration
marked with m1. Release of the phosphate prompts the
light-chain-binding region of myosin to swing through an
angle, providing a working stroke of 5–15 nm. This motion,
known as the power-stroke, is where the mechanical work of
contraction is done. Next, the ADP is released, and the binding of a fresh ATP causes the myosin to detach from the
actin filament. Hydrolysis of the ATP then returns the
myosin to the cocked conformation and primes it for
the next cycle. For our purpose, we represent the swinging
cross-bridge cycle by three steps connecting three distinct
myosin states: the detached state, the attached prestroke
state, and the attached poststroke state (Fig. 2 b). This can
be viewed as a simplified version of the popular cross-bridge
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model for smooth muscle cells (30–34), with the unphosphorylated myosin motors disregarded. Myosin amounts
for each of the states are indicated as m0, m1, and m2, respectively. Neglecting reverse reactions, we can describe the
myosin kinetics by the equations
mt ¼ m0 þ m1 þ m2 ;

(2)

m_ 1 ¼ k01 m0  k12 m1 ;

(3)

m_ 2 ¼ k12 m1  k20 m2 ;

(4)

and

where k01, k12, and k20 are the rate constants. We assume that
k01 and k12 remain constant during the cross-bridge cycle.
The rate of myosin detachment k20, on the other hand, is
known to decrease with mechanical load on the motor
(35–37). In particular, a myosin motor may stall on an actin
filament when the tensile force s reaches a critical stalling
force s0. Following Veigel et al. (35,36), we assume an
exponential form for k20:
k20 ¼ Koff ekðss0 Þ :

(5)

This relationship will prove to be important to our model,
inasmuch as it represents the sensitivity of the myosin
duty ratio to external forcing on the stress fiber.
Similar to the models of Kaunas and Deguchi (13) and
Kaunas et al. (19), our myosin apparatus actively regulates
the length of the stress fiber. In equilibrium, the myosin motors walk until the elastic tension in the SF equals its stalling
force s0. Further stretching or compression will cause the
motors to slide or walk in an attempt to return the SF to
tensional homeostasis (19,38). The relationship between
the contractile speed of the myosin apparatus and the mechanical load is commonly represented by Hill’s law
(23,39,40). In SF models, however, a linearized version is
often used to avoid algebraic complexity (15,19,21,41–
43), here shown as
v=Vm ¼ ð1  s=s0 Þ;
where Vm is the upper bound of myosin speed attained under
zero load. Furthermore, the external load not only changes

FIGURE 2 (a) The swinging cross-bridge model
adapted from Spudlich (29). (b) A simplified threestage model represents the interaction between the
myosin and actin filaments, with m0, m1, and m2
denoting myosin in the detached state, attached
prestroke state, and attached poststroke state.
These states correspond roughly to those marked
in panel a. To see this figure in color, go online.
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the myosin speed directly as above, but also indirectly by
modifying the myosin duty ratio, and therefore the fraction
of myosin motors that are actively walking and contributing
to the velocity v. To account for this effect, we modify the
velocity-load relationship as


m1
s
_
v ¼  Lm ¼
Vm 1 
:
(6)
s0
mt

expand (by superstall sliding) to adjust its length and the
length of the KV element such that in the equilibrium state,
the tension in the apparatus is exactly the stalling force s0.
This determines the prestrain of the KV element to be εp ¼
s0/(GL0). In equilibrium, the myosin in different states can
be easily calculated from Eqs. 2–4:
m0 ¼

k12 Koff
mt ;
ðk01 þ k12 ÞKoff þ k01 k12

(7)

m1 ¼

k01 Koff
mt ;
ðk01 þ k12 ÞKoff þ k01 k12

(8)

m2 ¼

k01 k12
mt :
ðk01 þ k12 ÞKoff þ k01 k12

(9)

This modification is based on two considerations:
1. During the cross-bridge cycle (29), only attached prestroke motors (m1) are capable of producing contraction.
After the power-stroke, the myosin molecules are stuck
in the rigor state pending arrival of the next ATP, which
will cause them to detach. Therefore, it seems reasonable
to make v proportional to m1.
2. Warshaw et al. (44) have designed an in vitro motility
assay in which a fraction of the myosin motors have an
unphosphorylated light chain and hence remain inactive.
They found that the unphosphorylated myosin motors do
not generate force but act as a load to slow down the
contraction that is driven by the cycling phosphorylated
myosin motors. Drawing an analogy with our model,
we consider the motors not actively walking, i.e., m2
and m0, to act as dampers to the contraction. Hence we
have put the total myosin number mt in the denominator.
Warshaw et al. (44) suggested a sigmoidal dependence of
the sliding speed on the fraction of phosphorylated
myosin. We adopt a linear relationship for simplicity.
Note that our model assumes the total number of myosin
on the stress fiber mt to be fixed. Micropipette aspiration
experiments (45–47) suggest that external forcing may
recruit myosin motors from the cytoplasm to the actomyosin cortex. Our simple model disregards such spatial
transport.
Equations 1–6 form a complete description of our model
stress fiber. When a prescribed deformation is imposed on
the total length L, these equations can be time-stepped for
the evolution of the tension s; the myosin population in
each of the three states m0, m1, and m2; and the lengths of
the KV and myosin elements. One feature of this model
might be counterintuitive. The instantaneous tension s(t)
is not directly given by the number of attached myosin molecules. The latter controls the sliding or walking velocity of
the myosin apparatus, which then modulates the relaxation
of the KV element. It is through these two intermediaries
that myosin controls the tension s.
Model parameters
To introduce the parameters of the problem, it is convenient
to consider first the equilibrium or homeostatic state of the
KVM apparatus. Given any total length L for the apparatus,
the myosin element will contract (by substall walking) or
Biophysical Journal 108(1) 43–52
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Note that the equilibrium myosin length Lm and total length
L are not unique but depend on the total strain imposed on
the KVM apparatus. As Lm enters the dynamics only
through L_ m (compare to Eq. 6), we set Lm ¼ 0 at the equilibrium state without losing generality. For this reason, the
strain for the subsequent deformation is given in terms of
the resting length L0 instead of L.
Starting from equilibrium, the SC maneuver is imposed
by stretching the KVM model at a constant speed to a prescribed total extension of L0ε0, and then compressed at the
same constant speed to the original length. Denoting the
duration of SC maneuver by T, the maneuver can be represented by the stretching velocity:
8
2L0 ε0
>
>
<
T
L_ ¼
>
2L
>
:  0 ε0
T

if t<T=2;

(10)

if t>T=2:

This amounts to a triangular wave form of the strain. The CS
maneuver is the reverse of the above.
Table 1 lists all the parameters of the problem, their
values as adopted here, and their sources (48–57). The determination of several of the parameters requires some explanation. We define the duty ratio g as the fraction of time
that a myosin motor spends being attached to the actin filament during a cross-bridge cycle in equilibrium (48,49).
Thus, Eqs. 8 and 9 give us
g ¼

k01 k12 þ k01 Koff
:
ðk01 þ k12 ÞKoff þ k01 k12

(11)

In Table 1, we have adopted the duty ratio g ¼ 0.8 appropriate for the myosin IIB isoform. For the IIA isoform, the
duty ratio is much lower, at ~ g ¼ 0.1 (49). Myosin IIB binds
to actin filaments for a much longer time under resistant
stress (37), and is thus more effective in maintaining tension
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TABLE 1
Parameters
g
k01
k12
Koff
k
L0
G
h
εp
s0
Vm
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Parameters for the KVM stress-fiber model
Meaning

Value

References

Myosin duty ratio
0.8
(48,49)
Myosin attachment rate
4 s1
—
Phosphate release rate
1.5 s1
(48,50)
Myosin detachment rate
3 s1
(35,37,48,50)
(37,51–53)
Mechanical sensitivity
0.6 nN1
(Eq. 5)
Resting length of KV unit
1 mm
(54)
Elastic modulus
50 nN/mm
(15,20,25,52)
Viscosity
200 nN $ s/mm
(15,25)
Prestrain
0.1
(9,55)
Myosin stall force
5 nN
(52)
Characteristic contractile
0.075 mm/s
(15,19,26,56,57)
velocity

in the stress fibers and more sensitive to mechanical strains
(50). While both myosin IIA and IIB contribute to stress fibers in adherent nonmigrating cells (58), they assume
spatially polarized patterns in migrating cells. IIB is concentrated at the rear of the cell in the contractile stress fibers,
whereas IIA is predominantly found in the protrusive actin
structures at the leading edge (59,60). This suggests distinct
functions of IIA and IIB in forming different actomyosin
structures. For its prominent role in maintaining the contractile stress fibers at the rear of migrating cells (60,61), IIB appears more relevant to the stress fibers considered here, and
hence its duty ratio is used.
Using measured values of k12, Koff, and g, Eq. 11 allows
us to determine the myosin attachment rate to be k01 ¼
4 s1. Thus, in the equilibrium state, the myosin motors
are distributed in the three states as m0 ¼ 0.2mt, m1 ¼
0.533mt, and m2 ¼ 0.267mt. The mechanical sensitivity
parameter k is determined from the measurement of Kovács
et al. (37) on a single myosin head and an estimation of the
number of myosin motors in a stress fiber (51,52).
The characteristic contractile velocity Vm is estimated
from the contraction rate of isolated, load-free SFs
(26,56,57). In our model, the distribution of myosin motors
under zero load is such that m1/mt ¼ 0.714. Through Eq. 6,
the measured SF contraction rate of 0.01–0.2 s1 corresponds to 0.014 % Vm % 0.28 mm/s. Vm ¼ 0.075 mm/s is
chosen as a representative value. As discussed later, this
choice is also based partly on fitting the experimental data
a

later in Fig. 7 (see also Fig. S1 in the Supporting Material).
Thus, Vm is the sole fitting parameter of the model.
The system of ordinary differential equations is solved by
using a fourth-order Runga-Kutta scheme in the software
MATLAB (The MathWorks, Natick, MA). Each simulation
starts from the equilibrium state with a prestrain of εp ¼ 0.1.
The time step is set to be Dt ¼ 0.004 s. Numerical tests show
that this ensures sufficient temporal resolution; refining Dt
further brings negligible changes to the results.

RESULTS AND DISCUSSION
Responses to the SC and CS maneuvers
To study cell responses to the stretch-compress (SC) and
compress-stretch (CS) maneuvers, Chen et al. (6) applied a
strain magnitude of ε0 ¼ 0.1 over T ¼ 4 s, with a strain rate
of ε_ 0 ¼ 0:05 s1. The SC maneuver induces cell fluidization,
while the CS maneuver does not. In our simulation, we similarly apply the two maneuvers at ε0 ¼ 0.1 and ε_ 0 ¼ 0:05 s1.
The rest of the parameters are as listed in Table 1.
For the SC maneuver (Fig. 3 a), the tension s jumps up at
the start, inasmuch as the finite strain rate instantaneously
elicits a finite force from the viscous element. Then s continues to increase thanks to the stretching of the elastic
spring. The rate s_ itself increases in time. This is because
the stretch reduces the number of myosin motors m1 and
thus the sliding speed of the myosin element (compare to
Eq. 6). Consequently, the KV element is forced to increase
its rate of stretching. Hence the faster rise of s. Because
the stretching is reversed at t/T ¼ 0.5, the tension s abruptly
drops due to the reversal in the viscous force, to a negative
value in this case. Then s recovers in time to a positive value
that is roughly 40% its initial equilibrium value.
Upon starting the CS maneuver (Fig. 3 b), the tension s
drops instantaneously due to sudden imposition of a negative strain rate. It then maintains a roughly constant level
through the whole compression phase. In this process, the
myosin motors walk at a more or less constant speed, and
the KV element sustains a roughly constant rate of compression. The tension s reflects mostly the viscous contribution,
similar to the compression stage of the SC maneuver. At the
start of the subsequent stretching phase, the tension

b

FIGURE 3 Tension in the stress fiber under the
SC (a) and CS (b) maneuvers.
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suddenly jumps up and then gradually increases due to elongation of the Kelvin-Voigt element. For the parameters used,
our model predicts that the SC maneuver produces a negative (compressive) force within the stress fiber while the
CS maneuver does not.
Now we can examine the evolution of the three myosin
populations during the SC and CS maneuvers. For the SC
maneuver (Fig. 4), the rising tension during the stretch
phase lowers the myosin off-rate k20 (compare to Eq. 5)
and suppresses myosin detachment from actin filaments.
This causes accumulation of myosin in the m2 stage and depletes the m1 population (Fig. 4 a). But the total number of
attached myosin ma ¼ m1 þ m2 increases moderately during
the stretch phase (Fig. 4 b). At the end of stretch (t ¼ 0.5T),
m2 myosin makes up ~90% of all the myosin motors. More
importantly, the low level of m1 means that now the myosin
element has a very slow walking speed. Upon reversal of the
deformation, the myosin element cannot contract quickly
enough to absorb the compression imposed on the entire
stress fiber. Thus, the negative strain rate is mostly sustained
by the KV element, which produces the negative s of Fig. 3
a. The compressive force significantly increases the off-rate
k20 and results in a rapid detachment of m2 myosin. The total
number of attached myosin ma ¼ m1 þ m2 undergoes a sharp
drop as well (Fig. 4 b). This scenario corresponds to the loss
of tension that is the immediate trigger for stress-fiber disassembly in prior experiments and models (9,10,28). In our

model, the newly detached m0 motors reattach at the fixed
rate k01, and thus ma recovers to some extent during the
compression (Fig. 4 b). In reality, the cytoskeleton rapidly
disintegrates, and only reforms several minutes after the
SC maneuver has been completed (6).
The reaction of the myosin populations to the CS maneuver is entirely different. Upon the start of compression, m2
rapidly decreases while m1 increases moderately (Fig. 5 a).
The increasing m1 enhances the walking speed of the attached
myosin and the relaxation rate of the myosin apparatus,
which helps to alleviate the compression being sustained by
the KV element. Consequently, the drop in the tension s is
much smaller than in the compression part of the SC maneuver (Fig. 3). In particular, it remains tensile throughout the
compression phase. As a result, the compression only causes
a moderate loss of m2 and an even smaller drop in the total
attached myosin ma (Fig. 5 b). The subsequent stretching recruits more myosin onto the actin filaments, elevating m2 and
ma and raising the tensile force s. Note that the contrast between SC and CS maneuvers illustrated above depends on
the high duty ratio of myosin IIB. When the low duty ratio
of IIA is used, the SC-CS difference is much reduced, and
the force in the stress fiber stays tensile in both cases.
At the end of the SC maneuver (t ¼ T), the force s recovers instantaneously to a value slightly above the stalling
force s0 (not shown in Fig. 3). This can be rationalized as
follows. The compression phase enjoys a larger m1 population than the stretching phase (Fig. 4 a), and thus faster

a
a

b

FIGURE 4 Evolution of myosin populations under the SC maneuver: (a)
m1 and m2; (b) the total attached myosin ma ¼ m1 þ m2.
Biophysical Journal 108(1) 43–52
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FIGURE 5 Evolution of myosin populations under the CS maneuver: (a)
m1 and m2; (b) the total attached myosin ma ¼ m1 þ m2.
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myosin walking (Eq. 6). As a result, the elastic element has
compressed less than it has expanded, ending up in a
stretched state (LKV > L0) that produces a tension >s0.
This relaxes toward the equilibrium state in time, falling
within 1% of s0 in 1.5T. Similarly, the end of the CS maneuver sees an abrupt drop of s to a level above s0, followed by
a gradual relaxation toward equilibrium.
In summary, our model accounts for the distinct reaction
of the stress fiber to SC and CS maneuvers from the dynamics of the different myosin populations. Essentially,
the stretching in SC causes a great number of myosin motors
that have completed the power stroke to stay attached onto
actin filaments. Furthermore, this myosin distribution reduces the speed at which the myosin element can relax.
Both factors conspire to produce the rapid detachment of
a large fraction of the myosin motors when the compression
phase starts. The consequence is disassembly of the stress
fiber. Thus, the stretching establishes a precondition for
the subsequent detachment of myosin upon compression.
For the CS maneuver, such a precondition is absent. As a
result, the initial compression produces a much milder
loss of attached myosin and no fluidization.
The SC-CS asymmetry discussed above is quite robust and
insensitive to certain model assumptions. For example, it still
arises if the Kelvin-Voigt element is replaced by a Maxwell
element, as long as the stretch puts a large enough force on
the myosin apparatus that markedly reduces the myosin
sliding velocity. Similarly, if the nonlinear Hill’s law is
used in place of the linear velocity-force relationship
(Eq. 6), a slower sliding velocity prevails under superstall
forcing. Thus, during the stretching phase, the myosin apparatus will sustain a larger force. This accumulates a larger
number of attached myosin motors, which will subsequently
detach en masse upon start of the compression phase. Hence,
the Hill model will accentuate the fluidization response.
Finally, the SC-CS asymmetry can be produced as long as
the myosin velocity increases with the proportion of attached
myosin m1/mt. Thus, the myosin apparatus becomes more
rigid during the stretching phase, with the depletion of m1,
setting up the condition for the loss of tension upon reversal
of the strain rate. The linear dependence on m1/mt in Eq. 6 is
not essential but adopted for its simplicity.
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of the cessation of the stretch. Mizutani et al. (63) have reported a roughly 40% increase in Young’s modulus for fibroblasts after an 8% stretch. Then the modulus decreases
gradually in the following 2 h. Trepat et al. (1) applied a
10% stretch on human airway smooth muscle cells over 2
s, and reported a 50% increase in their stiffness immediately
afterwards. In the ensuing hold, it took >10 min for the cell
to relax to its original stiffness. Gavara et al. (3) observed
apparently stronger effects than the other groups, documenting an increase of 56 and 77% in cell-substrate traction after
a 5.5 and 11% stretch, respectively. The increased traction
was measured within 2 min of holding the stretch, but
they did not hold the stretch longer to explore the longterm relaxation toward equilibrium.
Inspired by these experiments, we have carried out
stretch-hold simulations using our KVM model. The stretch
is implemented at a constant rate for a time T/2 (compare to
Eq. 10), and then the stretched state is maintained indefinitely. Fig. 6 shows the model prediction of the tension
s(t) using the same parameters as in the SC maneuver
(Fig. 3 a). As expected, reaction to the initial stretch is identical to that in the SC maneuver, with the tension increase in
time to ~3.2s0 at t/T ¼ 0.5. After the stretch stops, the tension abruptly drops to ~1.5s0 due to loss of the viscous
force. Afterwards, s gradually relaxes toward the homeostatic level s0. The viscoelastic response observed here is
comparable to that of fibroblast in uniaxial stretching (64),
where a similar Kelvin model is used to interpret the data.
Two quantities of interest are Ds, the excess tension above
the homeostatic level immediately after the cessation of
stretch, and the half-life td for the subsequent relaxation,
the time for the excess tension to drop by 50%. These will
be compared with experimental values in the following.
Fig. 7 compares Ds as a function of the strain magnitude
with experimental data (1,3,62,63). Two caveats must be
noted:
1. Only Trepat et al. (1) managed to capture the cell stiffness more or less immediately upon cessation of

SH maneuver
The stiffening of the cell in response to a stretch-hold (SH)
maneuver has been demonstrated in several experiments
(1,3,62,63). All experiments have reported the same general
features. The tensile force s rises during the stretching.
Upon cessation of stretching, s experiences a prompt
decrease followed by a more gradual relaxation toward s0.
Individual studies differ in quantitative details. For instance,
Pourati et al. (62) applied strains of 2.5 and 5% in a short
time period (<10 s) on adherent endothelial cells, and recorded a 15 and 30% increase in cell stiffness within 70 s

FIGURE 6 Evolution of the tension s during an SH maneuver modeled
after the experiment of Trepat et al. (1): a 10% strain is applied over T/
2 ¼ 2 s and then maintained indefinitely. The characteristic time T ¼ 4 s.
The value Ds is the excess tension after cessation of the stretch, and td is
the time for Ds to relax by 50%.
Biophysical Journal 108(1) 43–52
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ling and disassembly of the stress fibers. It is possible to
compare model predictions quantitatively with the
measured critical strains and strain rates, and we report
such comparisons in the Supporting Material.
CONCLUSIONS

FIGURE 7 Comparison of the excess tension, upon cessation of stretch,
between the model prediction and experimental data.

stretching, thanks to their optical magnetic twisting cytometry technique. The other experiments recorded
such data for only a short time, roughly 1–2 min, afterwards. Thus, only Trepat et al. (1) is strictly comparable
with our model prediction.
2. Most of the experiments measured cell modulus by microrheometry and magnetic twisting cytometry.
Inasmuch as the elastic modulus of biological cells is proportional to the contractile force in the actomyosin network
(65), the percentage excessive modulus is comparable with
the percentage excess tension. With these in mind, Fig. 7
shows that all the experimental data lie close to the model
prediction using Vm ¼ 0.075 mm/s. In particular, there is
quantitative agreement with the result of Trepat et al. (1).
Our model also captures the rising trend in the data; a larger
strain ε0 causes the elastic element to extend more at the end
of stretching.
Unfortunately, the model fails to capture the timescale of
the subsequent relaxation of the excess tension. The calculation in Fig. 6 matches the experimental conditions of Trepat et al. (1) in that a 10% strain is applied linearly over 2 s.
The relaxation has a half-life of td ¼ 1.9 s, and as a whole
lasts ~16 s. Experimentally, on the other hand, td is ~400 s
and the whole relaxation lasts ~17 min. Thus, the relaxation
is too fast in the simulation by two orders of magnitude. One
possible explanation is that Trepat et al. (1) measured
whole-cell relaxation while the model deals with a single
SF. Thus, slow diffusive processes of reequilibrating a large
number of SFs are missing from the model. Besides, the
model uses a linear force-velocity relation (Eq. 6) instead
of the more realistic hyperbolic Hill’s law (39,51). Under
superstall force, the former predicts a much larger sliding
velocity than the latter. Inasmuch as the SH maneuver resides entirely in the superstall regime, the relaxation would
proceed much more rapidly than in reality.
Aside from the SH maneuver, several experiments have
explored the reaction of adherent cells to the stretchcompress (3,5,6), compress-hold (9–11), and cyclic stretch
(13,14,19,22,66,67) maneuvers. The most salient feature
of these experiments is the critical conditions for the buckBiophysical Journal 108(1) 43–52

The response of cells to external strain is a complex process.
Prior experiments have explored its various aspects, and the
results are not always in agreement. Therefore, we have chosen a well-defined feature of the process for theoretical
modeling: the sensitivity of cell fluidization to strain history.
More specifically, cells fluidize after a SC maneuver but not
after a CS maneuver of the same strain magnitude and strain
rate. Logically, our model is based on the following chain of
reasoning, each step being supported by experimental evidence explained in the preceding sections: 1) cell fluidization
is due to disassembly of the cytoskeletal network, and in
particular the stress fibers; 2) the stress fibers disintegrate
as a result of the detachment of myosin motors en masse
from the actin filaments; 3) the detachment of myosin motors
is due to loss of tensile force in the stress fibers; and 4) the loss
of tension and appearance of a compressive force actually
stem from the external strain being imposed on the cell.
To elucidate the dependence of fluidization on strain
history, we have focused on modeling a single stress fiber
undergoing the various protocols of stretching and compression. The model does not account for the actual disintegration of the cytoskeleton, nor the subsequent resolidification.
Chemical signaling has been neglected.
Coupling the myosin crossbridge with a viscoelastic
Kelvin-Voigt element, the model demonstrates a striking
contrast between the SC and CS maneuvers. In SC, the
initial stretching leaves most of the myosin motors in a
post-power-stroke attached state, which rapidly disengage
at the start of the compression stage, once the tension is
lost. This is taken to be the precursor of fluidization. In
CS of the same magnitude, on the other hand, the initial
compression has a much milder effect on the myosin population, and no fluidization results. In the Supporting Material, we further explore the critical strain and strain rate
for fluidization in SC, CS, and compress-hold maneuvers
and compare the model prediction with experiments. There
is qualitative and even semiquantitative agreement. The
main contribution of this work, therefore, is a mechanical
explanation of how adherent cells react differently according to the history of the external strain.
The Kelvin-Voigt-Myosin model proposed here is arguably the simplest model that allows one to describe the viscosity, elasticity, and contractility of a stress fiber, and to
capture the mechanism of strain-history dependence. For
this reason, it must be viewed as only one ingredient in a
more comprehensive description of the process of fluidization and resolidification. Several important factors are
left out.

Fluidization of Cells

For example, we take the loss of tension as marking the
onset of fluidization. The subsequent events of stress-fiber
buckling and disassembly and depolymerization of the actin
filaments are not explicitly accounted for.
Moreover, resolidification—the longer-term recovery of
cell stiffness—presents interesting mechanical and biological questions that we have not attempted to address. Experiments suggest that the slow recovery of filamentous actin
and actin-myosin connectivity is ATP-driven and regulated
by signal pathways, with zyxin being a potentially key
player (5,6). Due to the model’s simplicity, it cannot capture
the timescale for the relaxation of cell modulus after a SH
maneuver, nor can it reflect the effect of substrate stiffness,
which influences the mechanosensing and cytoskeletal remodeling of adherent cells.
Finally, the model ignores a potentially important mechanism for redistributing myosin motors from the cytoplasm
to the cytoskeleton under external forcing (45–47). In this
context, this model should be seen as a preliminary effort
at formulating and rationalizing the response of cells to mechanical forcing.
SUPPORTING MATERIAL
Supporting Materials and Methods, one figure, and one equation are available at http://www.biophysj.org/biophysj/supplemental/S0006-3495(14)
01200-4.
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Prior experiments have subjected adherent cells to different deformations,
and recorded the critical strains and strain rates that are required for the
disassembly of stress fibers (SFs) and fluidization of the cells. Thus it is
interesting to explore the model predictions of these critical conditions, and
compare them with experimental measurements. In our Kelvin-Voigt-Myosin
(KVM) model, we will take the complete loss of tensile force in the SF, i.e.
σ = 0, to be the critical condition. Such a choice is motivated by experimental
observations that a stress fiber buckles and disintegrates after its pre-tension
is relaxed by compression (1, 2, 3). It is also consistent with two microscopic
effects. The first is the highly asymmetric load response of actin filaments:
they can sustain considerable tension but buckle easily under pico-newtons
of compression (4). The second is the enhanced detachment rate of myosin
motors due to loss of tensile force (5, 6) (cf. Eq. 5 of the main text).
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Model predictions

Motivated by experimental data, we have chosen to construct a phase diagram in the strain–strain rate plane. Using the stretch-compress (SC) maneuver of Eq. (10), we carry out a series of simulations by varying either
the total strain ε0 or the strain rate ε̇0 while holding the other constant. As
ε̇0 = 2ε0 /T , this is accomplished by adjusting the period T . The outcome is
recorded as either fluidization or non-fluidization, depending on the sign of
the minimum tension. The boundary between the two regimes is depicted in
Fig. S1(a). Experimental observations suggest that fluidization occurs when
either ε0 or ε̇0 is high enough. Thus, one may have anticipated a sort of
compensation between them, and a negative slope for the boundary in the
(ε0 , ε̇0 ) plane. The model shows, however, a non-monotonic boundary with
a positive slope for large strain.
The key to understanding this behavior is to recognize that in our KVM
model, the force σ in the SF is affected by the relaxation of the myosin
apparatus. For a large strain ε0 , σ grows so much during the stretching
phase (cf. Fig. 3a of the main text) that at its end (t = T /2), almost all
the m1 myosin motors have been converted to m2 (cf. Fig. 4a). As a result, myosin walking and relaxation become negligible according to Eq. (6),
and the myosin apparatus is essentially rigid. The subsequent compression,
therefore, is sustained almost entirely by the Kelvin-Voigt (KV) element. In
this regime, a larger ε0 implies a larger elastic tension from the KV element
at the end of stretch, which will protect the SF from disassembly during
the subsequent compression. Thus, a faster strain rate ε̇0 is required for
disassembly at larger strain ε0 , and the slope of the boundary should be positive. To be more precise, we estimate the minimum tension at the start of
compression as σmin = GL0 (εp + ε0 ) − ηL0 ε̇0 , where we have neglected the
strain sustained by the myosin apparatus. Setting σmin to zero then gives
us a critical condition for fluidization that is a straight line of positive slope
G/η in the (ε0 , ε̇0 ) plane. This explains the right portion of Fig. S1(a); the
actual slope of the boundary is 0.173 s−1 , reasonably close to the expected
G/η = 0.25 s−1 . The difference is due to the sliding of the myosin motors. To
rationalize the negative slope for small ε0 , we recognize that with decreasing
ε0 , the myosin apparatus is more flexible with faster relaxation at the start
of compression. Thus, the KV element will suffer less strain, and fluidization
is achieved only with greater strain rate ε̇0 . Hence the boundary takes on
a negative slope at the left portion of Fig. S1(a). Incidentally, most prior
2

Figure S1: Critical conditions for SF disassembly depicted on the (ε0 , ε̇0 )
plane. For the experimental data, open symbols correspond to fluidization,
filled ones non-fluidization, and half-filled ones the critical condition. (a)
The SC maneuver; (b) The CS and CH maneuvers. Model prediction at a
lower Vm = 0.025 µm/s is also shown for comparison.
experiments fall within this portion (ε̇ < 0.1), and thus exhibit fluidization
when either ε0 or ε̇0 is high enough.
The critical conditions for compress-stretch (CS) and compress-hold (CH)
maneuvers also present intriguing features (Fig. S1b). As the minimum tension (or largest compressive force) occurs during the compression phase of
both CS and CH, the critical condition is the same for both maneuvers.
Upon onset of compression, σ drops instantaneously to a local minimum
thanks to the viscous force (cf. Fig. 3b). As σ falls below σ0 , the myosin
apparatus starts to contract to alleviate the compression on the KV element, at a speed of (m1 /mt )Vm (1 − σ/σ0 ) = 0.533Vm (1 − σ/σ0 ) according
to Eq. (6). Note that the equilibrium myosin ratio m1 /mt = 0.533 holds
as there has not been enough time for the myosin populations to evolve.
Thus, for a small strain ε0 , the critical condition for fluidization amounts to
σmin = GL0 εp − η(L0 ε̇0 − 0.533Vm ) = 0. We have ignored the elastic force
due to compression because the strain ε0 is small. This predicts a critical
condition for small strain ε0 :
ε̇0 = 0.533

Vm G
+ εp .
L0
η

(1)

For a large strain, on the other hand, the critical condition of σ = 0 amounts
to the myosin apparatus contracting at the zero-load speed of 0.714Vm (note
3

m1 /mt = 0.714 at zero load), with the KV element completely relaxed. This
gives a large-strain asymptote for the critical condition: ε̇0 = 0.714Vm /L0 .
Both limits are on the strain rate alone, regardless of the strain. Thus, for
our parameters the model predicts a boundary that becomes flat at the left
and right, with a negative slope in between. This is borne out in Fig. S1(b)
by the boundaries at Vm = 0.075 and 0.025 µm/s; in each case, the small
and large strain limits agree with the above estimations to within 1%.

2

Comparison with experiments

The critical condition for fluidization has been a focus of experimental investigations, and some of the data can be compared with our model predictions.
So far, disassembly of stress fibers has been investigated under several type
of mechanical perturbations: compress-hold (CH) (1, 2), stretch-compress
(SC)(7, 8, 9), compress-stretch (CS) (9), and cyclic stretch (10, 11, 12, 13,
14, 15). Given sufficiently severe deformation (in terms of ε0 or ε̇0 ), all these
maneuvers have been shown to induce disassembly of stress fibers in the
direction of compression.
Figure S1(a) compares the predicted critical condition for the SC maneuver with the experimental data of Chen et al. (9). Since the cyclic stretch
amounts to repeated cycles of the SC maneuver, its critical (ε0 , ε̇0 ) map
should be essentially the same as that for the SC maneuver. Thus, we have
included the cyclic-stretching data of Tondon et al. (15) and Kaunas et al.
(10) as well. In these two data sets, we take the onset of SF alignment
in the orthogonal direction as indicative of stress fiber disassembly in the
stretching direction. First, note that all the data are for relatively small
strain, ε̇ ≤ 0.1, and thus cannot validate our prediction of a positive slope
for larger strains. Within this range, the data do suggest a boundary corresponding to the critical condition that has a negative slope, as predicted
by the model. Quantitatively, the predicted boundary is consistent with the
only data point for SC (9), but is considerably higher than that suggested
by the cyclic-stretch data.
Now we turn to the CS and CH maneuvers in Fig. S1(b). Again, the
experimental data of Chen et al. (9) is consistent with the predicted critical
condition; no fluidization occurs for ε0 = 0.1 and ε̇ = 0.05 s−1 , a condition
below the theoretical curve. However, the CH experiments of Costa et al.
(1) and Sato et al. (2) have reported buckling or disassembly of SFs at lower
4

strain rates of 0.02–0.03 s−1 . The data of Costa et al. (1) suggest a boundary with a negative slope, as predicted by the model, but the experimental
boundary is much below the model prediction.
Comparing the experiments cited in Fig. S1 and similar ones in the literature, one may divide them into two groups according to substrate rigidity:
experiments by Fredberg and colleagues (16, 7, 8, 9) have used very soft
substrates, typically collagen and polyacrylamide gels, with a Young’s modulus E up to 4 kPa, while all the other experiments (1, 2, 10, 15) have used
much stiffer silicone-rubber substrates with E on the order of MPa. It is well
known that substrate rigidity affects the cytoskeletal structure and mechanical behavior of adherent cells (17, 18). As we have used Vm = 0.075 µm/s in
the model, a value matched to the excess tension in the soft-substrate experiment of Trepat et al. (16) (Fig. 7), it is reasonable that the predicted critical
condition should agree with that of Chen et al. (9), another soft-substrate
experiment. Stiffer substrates induce a larger number of stress fibers in the
cell, larger traction forces and greater modulus of the whole cell (19, 20). In
turn, these should affect the myosin concentration and sliding speed. Unfortunately, it is difficult to represent such effects in the model, say through
Eq. (6), with any confidence. Assuming that the stiff substrates (1, 2, 10, 15)
engender a stiffer myosin apparatus and slower myosin relaxation, we have
computed the critical conditions for fluidization for a smaller characteristic
Vm = 0.025 µm/s. Plotted as a dashed line in Fig. S1(b), the slower myosin
relaxation does bring the model prediction closer to these stiff-substrate experiments for the CS and CH maneuvers.
To sum up the comparison above, the model prediction agrees qualitatively, and in some cases semi-quantitatively, with experimentally measured
critical strains and strain rates for SF disassembly. Encouraging as it is, the
agreement should be considered preliminary and perhaps tentative, in view of
the uncertainty in the parameter Vm as well as the various assumptions that
have gone into the model. These need to be investigated more thoroughly in
future work.
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